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by
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ABSTRACT
The intestinal microbiome of mammals plays a significant role in host health and response to
environmental stimuli and can include both beneficial native bacteria as well as parasitic worms. In this
study, I examined the intestinal cestode and bacterial communities of two closely related species of
shrew, Sorex monticola and Sorex cinereus, over a six month period in 2016. Specimens were collected
approximately every three weeks from May to October from the Sangre de Cristo Mountains in Cowles,
New Mexico. A total of 79 shrews were prepared with the gastrointestinal tracts removed and flash-frozen
in liquid nitrogen. An additional 9 whole frozen samples were obtained from the Museum of
Southwestern Biology, which were collected from the same area in September 2009. I extracted DNA
from the whole GI tract, and amplified 3 loci (28S rRNA, 16S mtDNA, 16S rRNA) using one-step PCR
amplification and sequencing on the Illumina MiSeq system 28S rRNA gene. On average, shrews were
infected by 6 cestode genera and colonized by an average of 11 bacterial phyla, with Lineolepis and
Epsilonbacteraeota being the most abundant, respectively. I tested both environmental and host-related
metrics and found that the cestode infections of S. monticola and S. cinereus are most significantly
affected by host species, host weight, and time of year, and bacterial community compositions were most
significantly affected by time of year and host weight with some effect from host species and collection
locality. Variation across weight and time likely reflects variations in the shrews’ arthropod diet. Cestode
variation across host species reflects their high host specificity. Bacterial variation in locality reflects the
high degree of individual variation of intestinal microbiomes. Variation with respect to host species may
be due to a difference in inflammatory response or an artefact of uneven sample sizes.
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CHAPTER 1
INTRODUCTION

1.1. OVERVIEW
Multicellular organisms host a wide array of microbes, both beneficial and parasitic, that have
broad effects on the health of the overall organism. These microbes form communities within their host
referred to as “microbiomes.” An organism’s microbiome may change seasonally as a result of dietary
variation, in some cases influencing how the host is able to respond to drastic season-driven
environmental changes [1, 2, 3]. The presence or absence of intestinal parasites can broadly affect the
host’s immune system, particularly how it is able to respond to other invaders, potentially leaving the host
more susceptible to additional parasites and disease [4, 5].
Microbiomes are vital to vertebrate evolution as they play a part not only in digestion but also in
immune response and host growth and development [5, 6]. Because microbiomes are intrinsic to host
health, they are of particular interest to evolutionary biologists [6]. Hird [6] elaborates on this, noting that
advances in technology, such as next generation sequencing, now offer the opportunity to study microbe
communities that may not have been accessible before. Studying microbiomes not only increases
knowledge of biological diversity, but also understanding of how hosts are able to occupy the niches that
they do and how they came to occupy them [6]. For example, Hird notes a study where the intestinal
microbiomes of vultures were linked to their ability to consume and digest carrion safely [7]. Roggenbuck
et al. [7] link the relatively high levels of Clostridia and Fusobacteria, commonly found in the soil, in the
vultures’ hindgut to their ability to break-down and safely process rotten carrion into safe food [7].
1.2. SEASONALITY AND THE MICROBIOME
Intestinal microbiomes of mammals may go through seasonal changes, often correlating with
changes in host diet. Amato et al. [1] examined the intestinal microbiomes of Mexican howler monkeys
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(Alouatta pigra) over a ten month period. Changes in the relative abundance of types of native bacteria
had a strong correlation with the seasonal changes in the population’s diet. As the study population’s diet
moved between a higher energy intake and a lower energy intake due to what was seasonally available,
there was notable variation in the family and genera of native bacteria present [1]. Bergmann et al. [2]
found similar results when examining the seasonal variation in the diet and native microbiome of
American Bison (Bison bison). Like Amato et al., the plants available to the bison changed seasonally and
correlated with changes in the relative abundance in the present bacterial phyla [2].
In a similar study, Maurice et al. [8] conducted a two-year survey of the intestinal microbiomes of
wood mice (Apodemus sylvaticus) collected from two different sites to examine how environmental and
intrinsic host factors affected the commensal intestinal microbe population. Their results showed that the
mice had intestinal microbiomes with a community structure similar to those of other mammals,
supporting previous findings that there is little variation despite host differences [8]. This limited
community structure amongst mammalian taxa is due to the likelihood that only a few microbes are
actually adapted to the intestinal environment [8]. Such strong similarity could allow Maurice et al.’s
findings to be generalized to other mammal taxa. Their results also supported previous findings that wood
mice can host Helicobactor strains that are infective to humans. Since these bacteria were more common
when Lactobacillus bacteria are at their lowest concentration, there may be some relationship between the
two [8]. Past research has supported a hypothesis that the Lactobacillus bacteria actually defend against
the Helicobactor infections [8]. Their results also showed a marked seasonal change in host microbiome
community composition, which may be in part due to diet [8]. They hypothesized that either a diet shift
from primarily insect-based to one that is primarily seed-based, physiological changes like torpor or
reduced food intake in winter, or a change in the amount of lipids consumed could explain such a shift
[8].
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1.3. SAMPLE TYPE AND THE MICROBIOME
In the three above studies relating seasonality to gut microbial community composition, the
sampling of only fecal material potentially skewed the results [1, 2, 8]. Zhao et al. [9] shows that the
microbes found in feces do not accurately reflect the entire intestinal microbiome. In their study, the
researchers compared the bacteria found in the feces of pigs of different ages to the bacteria found in four
intestinal segments from pigs of the same age. They found that the microbial population of the small
intestine was underrepresented in the fecal material and that the population of the large intestine was
overrepresented [9]. Extracting DNA from the whole gastrointestinal tract allows for a more complete
representation of the specimen’s intestinal microbiome, outweighing the potential benefit of sampling the
same individuals multiple times across a study.
This sectional variation is illustrated in a study performed by Drovetski et al. [10]. The
researchers examined the gastrointestinal tract of the greater sage-grouse (Centrocercus urophasianus) for
seasonal variation by dissecting the whole GI tract, including the esophagus, crop, stomach, and the entire
intestine. Instead of season accounting for most of the variation, their results show that the region of the
gastrointestinal tract explains more of the observed variation than does season or the interaction between
region and season [10]. The greater sage-grouse is unique because it specializes in eating sagebrush
(Artemesia spp.) which contains secondary compounds that are toxic to most other herbivores [10]. The
researchers note that at the time of publication, there had been few studies on seasonal gut microbiome
variation in non-mammalian vertebrates, and none had shown any significant seasonal change [10].
Greater sage-grouse eat sagebrush year-round, but in the snowy winter months, it makes up their entire
diet while it is only a component of their diet the rest of the year [10]. Domestic chickens have been noted
in another study to contain microbes living in their ceca that are capable of breaking down the kinds of
secondary compounds that give sagebrush its toxicity, leading Drovetski et al. to hypothesize that the
greater sage-grouse’s tolerance of the toxins is due to symbiotic bacteria [10]. Their data show species
richness of bacteria increased during the summer with 28 bacterial genera likely introduced to their GI
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tract via diet. In winter, far fewer bacterial genera were found and those present were more often “native”
to the host [10]. This suggests that the more varied summer diet offers more opportunity for microbiome
variation than the limited winter diet. Unfortunately, the authors do not revisit their hypothesis of the
sage-grouse microbiome enabling the host to accommodate higher concentrations of toxic plant secondary
compounds in the winter.
1.4. INTESTINAL PARASITES AND THE MICROBIOME
If diet is able to affect the intestinal microbiome, then it stands to reason that intestinal parasites
(occupying the same environment), might affect the microbiome as well. This possibility has been
examined in previous studies, often with implications for the host’s overall health [4, 5, 8]. In the
aforementioned study by Maurice et al. [8], there was a change in microbiome composition when the
mice were infected by Trichuris muris nematodes, though it was unclear whether this change was caused
by the presence of the helminths or if the change made the mice more susceptible to infection [8].
Another study by Cizauskas et al. [5] examines how intestinal helminth infections might impact a host’s
susceptibility to other diseases. In their study, zebras (Equus quagga) were evaluated during both the wet
and dry seasons for the presence of intestinal helminths and anthrax infection (Bacillus anthracis). The
zebras display very strong seasonal patterns for both types of infection; typically helminths are more
common in the population during the wet season and anthrax infections are more common during the dry
season [5]. The researchers found that the reason for this shift is that the zebras have two competing
immune responses, a bacterial immune response (Th-1) and a helminth immune response (Th-2) [5].
Which immune response the zebras are exhibiting appears to be driven by the presence of helminths,
since both cannot be expressed at the same time [5]. During the wet season when helminth infections are
more common, more of the zebra population exhibited the Th-2 response, leaving them potentially
vulnerable to anthrax infections [5].
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Other studies have shown some effect of seasonality on helminth infections as well. SalinasRamos et al. [11] conducted a study in 2017 examining the intestinal helminths of three bat species for
any seasonal changes in the intestinal microbiome with respect to parasites, especially those that may be
caused by environmental or prey changes. While their results did not show much seasonal variation, four
species of helminths were significantly more common in one season over the others (one was more
common during the wet season while the other three were more common during the dry season) [11]. The
variation was likely caused by changes in the bats’ diet as the insect vectors are more common in one
season over the other [11].
Parasite load is also influenced by the host’s locality. This effect is demonstrated by a study
focused on the fish Coilia nasus [12]. Study specimens were collected from the Yangtze River estuary
and the coast of the East China Sea and evaluated for parasite load. Since C. nasus is migratory, travelling
from the ocean to the freshwater Yangtze River to spawn in late winter to early spring, the study was
conducted during this spawning period [12]. When the helminths were sourced, the researchers found that
there were very few of the freshwater parasites and more that originate in the ocean [12]. They concluded
that the freshwater parasites were either easily lost, or that most of these fish had not yet been to the river
[12]. The ranges of the helminths the fish were infected by were used to estimate the track each individual
host fish took while coming into freshwater to spawn [12].
1.5. STUDY ORGANISM
There have been several studies done on both intestinal microbiomes and parasites, but most have
focused on non-insectivorous mammals with occasional input from non-mammalian studies [1, 2, 6, 8,
10, 11, 12]. Despite being widely dispersed and ecologically important, not much research has been done
on the intestinal microbiomes and parasites of shrews in the genus Sorex [13, 14, 15, 16]. In my study, I
looked at two species of shrews: Sorex monticola and Sorex cinereus. Sorex monticola is a long-tailed
shrew native to North America [13]. It ranges from northern Alaska to northern Mexico and is found
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mostly in mountainous areas and boreal forests with dense understory growth [13]. Sorex cinereus is also
a long-tailed shrew native to North America, but is much more widespread than its cousin, ranging from
Alaska and Canada to the Appalachian Mountains [14]. It is less specific to a single habitat, but does
frequently reside at higher elevations where its range overlaps with S. monticola [14]. Both species are
short-lived and breed in the spring about a year after they’re born, but are capable of having several litters
[13, 14]. They have high caloric requirements for their size and will starve to death in only a few hours
[13, 14]. Both primarily hunt insects and other invertebrates, but S. monticola has been known to also eat
conifer seeds, fungi, and lichens. Similarly, S. cinereus will also consume salamanders and fungi, if the
opportunity presents itself [13, 14].
Shrews can be used as an indicator species, making them interesting study organisms for
measuring change over time [15]. Shrews from the genus Sorex have a wide distribution across many
habitat types, and their short lifespans and reproductive cycles mean they respond more quickly to
environmental change than other megafauna [13, 14, 15]. Due to their high caloric requirements, shrews
also tend to accumulate large numbers of parasites, particularly cestodes whose life cycles require
multiple hosts (mostly arthropods), which means that a study of the intestinal parasites of shrews has
greater implications for a wider range of interactions within the ecosystem [15, 16, 17]. Previous studies
of shrews have been used to model historical climate change events and the changes organisms have
made to cope; projections show that as temperatures increase, boreal small mammals like Sorex cinereus
can expect their ranges to increase [18]. Continued study and monitoring of the expansion of shrew
populations could prove useful as a type of early warning system for broader shifts in communities of
organisms as anthropogenic climate change continues, particularly in Arctic regions, and isolated
populations, where changes are expected to be particularly drastic [15, 18].
There has been very little research into shrew helminths in North America. Some parasite taxa
have no literature outside their initial species description, while there are many taxa that remain
undescribed due to limited study of their shrew hosts [16]. Kinsella and Tkach [16] assembled a current
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checklist of insectivore helminths in North America north of Mexico wherein less than 40 species of
cestodes are described. What is known about helminths of the genus Sorex in North America is
particularly limited (Figure 1.1). A handful of regions have two or more published reports, but most have
only one or none at all. New Mexico is one such region with no reports.
1.6. STUDY FOCUS
In this study, I examined the impact of seasonality on the gut microbiomes of two species of
shrew: Sorex monticola and Sorex cinereus, focusing on both the native gut bacterial and parasitic cestode
(tapeworm) communities. Samples were collected in 2016 as the first in a multi-year study, for which this
project provides a baseline of helminth and intestinal bacterial community composition. Specimens were
collected from the same isolated mountain in New Mexico, a “sky island,” minimizing the effect of
spatial variation on what helminths might be present [12]. Rather than collecting fecal samples, I
dissected and extracted DNA from the entire gastrointestinal tract. While this means I could only measure
each individual once, it also better allows for the evaluation of the communities existing in all parts of the
GI tract as opposed to favoring the taxa within the large intestine [9].
Sky islands are forested mountains whose surrounding lowlands are separate, spatially isolated
habitats, allowing mountain populations to become isolated [19]. This allows endemic organisms to
differentiate in a manner similar to what occurs in oceanic islands [19]. In a study conducted in 1999, the
researcher examined whether even short periods of isolation in sky islands were enough to cause
speciation [20]. They examined different species of montane grasshoppers (genus Melanoplus) that are
native to the Rocky Mountains and newly isolated, as shown by geological evidence. After the
Pleistocene era, glacial ice sheets would have allowed the different species to intermingle and
homogenize, but were isolated again when the ice melted. Knowles determined that even though the
Malanoplus grasshoppers were only isolated for a relatively short amount of time, all the examined
species differentiated during the Pleistocene era, based on molecular clock estimates [20]. This study
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demonstrates that even though sky islands are surrounded by land, they are actually isolated enough to
allow speciation to occur quickly in a manner similar to oceanic islands. Sorex monticola and Sorex
cinereus have populations outside the sky islands, but their short period of isolation may already be
impacting them and their symbionts.
1.7. HYPOTHESES
In my study I tested the following eleven hypotheses:
1.7.1.

INTESTINAL BACTERIAL COMMUNITIES

1. Collection Period: Despite the fact that shrews are unlikely to experience a drastic diet shift, such
as a seasonal change from a protein-rich (arthropod-based) diet to a carbohydrate-rich (plantbased), I expect that variation in insect prey taxa throughout the collection season will be enough
to cause measurable variation in the composition of the gut bacterial community [1, 2, 8, 10, 13,
14].
2. Locality: While intestinal microbiomes of individuals have been shown to be more similar within
a population than between populations, given that my chosen study sites are only one mile apart I
expect very little variation in the gut bacterial composition between my two sites, as the
specimens are likely from the same population [1, 8].
3. Host Species: Given mammals, as a group, tend to have similar native intestinal bacteria I expect
to find little variation in the gut microbiota between S. cinereus and S. monticola [2, 8, 13, 14,
21].
4. Host Sex: Differences in microbial composition between male and female mice have been
observed and linked to early variation in sex hormones and subsequently sex-biased immunity,
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therefore I expect significant variation in the bacterial community composition between the male
and female shrews [22].
5. Host Weight Group: Shrews’ annual life cycles and high metabolisms mean that my classification
of weight group is most likely analogous to specimen age as opposed to obesity [13, 14]. I expect
to see significant variation in bacterial community composition between the different weight
groups of low, medium, and high as the shrews age due to changes in prey items and maturation
of the gut [1, 2, 23].
6. Cestode Species Richness: Since shrews tend to be universally infected with intestinal parasites
(100% prevalence in this study) and likely evolved with this factor, I expect variation in cestode
infection level (species richness) would not lead to variation within the intestinal microbiome
[16]. It would likely not noticeably affect the host immune response, unlike what is typically seen
in studies where the infected microbiome is compared to the uninfected microbiome [5, 8].
1.7.2.

INTESTINAL HELMINTHS

7. Collection Period: Given the likely seasonal variation of arthropod prey-items, which act as
cestode intermediate hosts, I expect to observe seasonal variation of the cestode community
within my shrew samples [11, 16, 17, 24].
8. Locality: Since the two study sites are close enough to theoretically encompass the same sample
population, I expect all specimens would be consuming similar prey items and thus be infected
with the same helminths between the two localities [13, 14, 16, 17].
9. Host Species: As helminths tend to exhibit high levels of host specificity, I expect to see
significant variation of helminth genera between the S. cinereus and S. monticola [11, 16, 17].
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10. Host Sex: Sorex spp. are almost universally infected with intestinal helminths, regardless of sex,
therefore I expect little variation in helminth community structure between males and females
[16].
11. Host Weight Group: Of my metrics, host weight group is most closely associated with specimen
age, as such, I expect to see higher abundance of helminths in older, heavier specimens and less
in younger, smaller ones [24].
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FIGURE 1.1: HELMINTH DISTRIBUTION MAP: Map of known Sorex helminth distribution in North
America; only a handful of regions have any records of Sorex helminths. The location of the study site,
New Mexico, is one of the regions with none.
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CHAPTER 2
METHODS

2.1. SPECIMEN COLLECTION
Shrews in the genus Sorex were collected using pitfalls and snap-traps approximately every three
weeks from an isolated mountain in Cowles, New Mexico from May to October, 2016 for a total of ten
collection periods (Table 2.1). I followed acceptable field methods for specimen collection (Sikes et al.
2011) [25]. Two collection sites, designated Jacks Creek (Lat: 35.831, Long: -105.659) and Winsor (Lat:
35.816, Long: -105.680), were utilized to avoid over-harvesting in one area. To ensure that the individuals
from the different collection sites were still from the same population, however, the collection areas were
only a mile apart.
Traps were set out overnight and specimens were collected early in the morning, however, if traps
were set during the day or for 2 days, traps were checked every 3 hours during the day to avoid tissue
degradation. If the specimens were still alive, they were euthanized with chloroform as per IACUC
protocol. Upon collection, shrews were dissected and their whole gastrointestinal (GI) tracts were flashfrozen in liquid nitrogen, after which they were stored at -80°C until analysis. Individual shrews were
identified as either S. monticola or S. cinereus based on dentition and COI mtDNA barcode sequencing.
Select individuals from each collection period were dissected immediately upon collection and
any intestinal parasites present were heat relaxed and fixed in 80% ethanol following the protocol
outlined by Tkach et al. (2019) [26]. These cestodes were sorted by genus and representatives were
selected for staining and mounting on slides. The representatives were first transferred from the 80%
ethanol to distilled water and encouraged to sink by gently dropping more water on top of the specimen,
then were allowed to sit in the water for 10 minutes. The specimens were transferred to Mayer’s
Hematoxylin for 5-10 minutes, until the stain was fully incorporated into the tissues. To check the stain,
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the specimen was transferred to distilled water to ensure that organs were stained darker than the
parenchyma. If the stain was too dark, the specimen was carefully destained using hydrochloric acid.
When the stain was acceptable, the cestode was transferred to tap water where the dissolved heavy metals
reacted to turn the tissues blue. Once blue, the specimen was put through a series of ethanol soaks
beginning with 70% ethanol for 30 minutes, 80% ethanol for 30 minutes, 90% ethanol for 30 minutes,
95% ethanol for 1 hour, 100% ethanol for 1 hour, and a new bath of fresh 100% ethanol for 5 minutes. If
the specimen needed to be straightened, this was done in place of the regular ethanol baths by placing the
cestode on a small piece of paper on top of a microscope slide with a second piece of paper over top. The
set-up was dampened with 70% ethanol and left for 5 minutes with periodic additions of more ethanol
with excess liquid removed from the edges of the slide using a glass pipette. This was repeated using 80%
and then 90% ethanol. The straightened specimen was next placed in a 90% ethanol bath for 30 minutes.
Afterwards it was placed in 95% ethanol for 1 hour, 100% ethanol for 1 hour, and then a new 100%
ethanol bath for 5 minutes. After the final 100% ethanol treatment, the specimen was moved to a 1:1
methanol solution for 5 minutes and tapped gently with a brush to encourage it to sink. It was transferred
next to a 100% methanol solution for 5 minutes and encouraged to sink in the same way as before. The
specimen was finally placed on the center of a new, clean glass slide with glass legs on either side of it to
keep it from being crushed by the cover slip. I applied dumar gum before lowering the cover slip and
carefully applied more around the edges to ensure there would be no bubbles as the gum dried and
solidified.
At least one individual of each species was photographed and, if armed (possessed rostellar
hooks), its scolex was removed with a scalpel after which it was mounted in Berlese’s media in order to
clear the tissue and examine hook morphology. The strobila was used for DNA extraction using the
procedure outlined in Tkach and Pawlowski [27] and compared with my library sequences.
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2.2. DNA EXTRACTIONS
For DNA extraction of individual cestodes, tissue vouchers were transferred to a 1.5 mL
microcentrifuge tube with as little ethanol as possible. Tubes were left on a heat block for at least 30
minutes to remove all remaining ethanol. Once the vouchers were dried, 200 μL of a master mix
containing 95 μL ultra-pure water, 95 μL of warmed 2x digestive buffer, and 10 μL of proteinase K was
added to the microcentrifuge tube (Zymo Research, Irbine, CA). The mixture was vortexed well and
incubated at 56 °C overnight. The next day, 200 μL of chilled 99% isopropanol was added to each
sample, and the mixture was vortexed well to ensure the different density liquids would mix. Samples
were put in the freezer for at least 2 hours. Afterwards, they were centrifuged at maximum speed (13,300
rpm) for 15 minutes to pellet out the DNA precipitate. The supernatant was carefully removed with a fine
pipette and the pellet was washed in 200 μL of 70% ethanol. The samples were vortexed gently to avoid
disturbing the pellet too much, and centrifuged again at the same speed for 5 minutes. The supernatant
was removed and the wash procedure was repeated for a total of two washes with 70% ethanol. After the
second wash, the supernatant was removed and the pellets were placed on a 60°C heat block for 15-20
minutes to evaporate off any remaining ethanol. The dried pellet was dissolved in 45 μL of RNA/DNA
free ultra-pure water and allowed to sit in a dark drawer for 2 hours at room temperature, with periodic
vortexing. At the end of the 2 hours, the samples were stored in the freezer until PCR analysis was
performed.
For genomic analysis of microbiomes, frozen GI tracts were thawed and straightened in a Petri
dish under a dissecting microscope before being cut in half and opened lengthwise using sterile dissection
scissors. The contents of the two halves were scraped out with sterile forceps when possible. If the tissue
started tearing, the whole organ was processed instead. DNA was extracted using the ZR Fecal DNA
MiniPrepTM kit (Zymo Research, Irbine, CA) according to the manufacturer’s instructions with only
minor modifications. The two halves of the GI tract were processed separately so as to not overload the
spin columns, and were combined at the end so the sample contained DNA from the entire digestive tract.

22
To avoid cross-contamination of samples, all tools and Petri dishes were allowed to soak in 10% bleach
for at least 5 minutes before they were rinsed in two separate baths of ultra-pure water. Those present
during the dissection wore gloves and face masks to further prevent contamination, and all dissections
were performed in a low-copy lab to avoid contamination from loose traces of bacteria and/or parasite
amplicons.
After initially being cut open, the upper and lower halves of the GI tract were placed in separate
bead bashing tubes with 750 μL of lysis solution. The samples were loaded into a tissue homogenizer
(TissueLyser II, QIAGEN, Hilden, Germany) and shaken at maximum speed for two 15-minute intervals.
The two halves of the GI tract were then processed using the manufacturer’s instructions with two minor
modifications. Instead of 800 μL of the mixture of sample and Fecal DNA Binding buffer being placed in
the Zymo-Spin™ IIC Column, I used 750 μL so as not to overload the column. The other modification
was the use of 150 μL of DNA Elution Buffer instead of 100 μL. Once the DNA was eluted and filtered
one last time in the Zymo-Spin™ IV-HRC Spin Filter, the two samples extracted from the same GI tract
were combined so that the sample was representative of the entire digestive tract.
2.3. LIBRARY PREPARATION AND NEXT GENERATION SEQUENCING
Before being used for PCR library preparation, the amount of DNA present in each GI sample was
quantified using 2 μL of each sample with the QubitTM dsDNA Broad Range Assay Kit (ThermoFisher
Scientific, Waltham, MA) on a QubitTM fluorometer. Once quantified, each sample was standardized to a
concentration of 50ng/μL in a sterile 1.5mL microcentrifuge tube. If the starting concentration of a
sample was less than 50ng/μL, no dilution was made and double the amount of DNA was used in
preparation of the library. Library preparation was performed in triplicate on each sample. Two genes
were amplified for helminths; the 16S mtDNA and 28S rRNA genes. For amplification of bacterial DNA,
only the 16S rRNA gene was amplified.
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The library preparations were prepared for an Illumina MiSeq system following the procedures of
Greiman et al. (2018) [28]. Each sample was PCR amplified, in triplicate, at each locus (Table 2.2). Two
positive controls and one negative control were included for each locus (Table 2.3). The PCR reactions
had a total volume of 25 μL and contained 10.1 μL deionized water, 2.5 μL of 10X PCR Buffer, 0.5 μL
dNTP’s (10 mM), 2.0 μL MgCl (25 mM), 0.5 μL BSA, 2.5 μL of my forward primer (10 mM), 2.5 μL of
my reverse primer (10 mM), 0.2 μL of AmpliTaq Gold high fidelity polymerase (5 u/mL), and 4.0 μL of
template DNA. The thermocycler was run with a cover temperature of 105°C and an initial denaturation
temperature of 95°C for 10 minutes; 35 cycles of denaturation at 94°C for 30 seconds, annealing at 55°C
for 30 seconds, and elongation at 72°C for 1 minute.
After amplification, the library preparations were normalized, pooled, and vortexed.
Amplification was confirmed by running 5 μL of the pooled libraries through a 1% agarose gel. To
remove impurities, the pooled libraries were aliquoted into 25 μL amounts and enzymatically cleaned
using 1 μL ExoSAP-IT (ThermoFisher) per aliquot. This purified product was quantified using the Broad
Range Quant-iT dsDNA assay kit (ThermoFisher Scientific, Waltham, MA) so they could be diluted to
equal concentrations (50 ng/μL). If the concentration was less than the target, 5 μL of undiluted sample
were used. The equalized libraries were pooled by locus in a 1.5 mL microcentrifuge tube (5 μL for each
sample). Gel purification to remove excess primer was performed on a 25 μL aliquot from the equalized
pool using a Qiagen MiniElute Gel Purification Kit (Qiagen, Valencia, California) according to the
manufacturer’s instructions. The gel purified libraries were quantified using a High Sensitivity Quant-it
dsDNA assay kit (ThermoFisher), diluted again to 4nM, and pooled across all loci in equal molar
amounts. The libraries were sent to University of Georgia and sequenced on an Illumina MiSeq (pairedend reads; 2x250 base pair (bp) with two 8 bp index reads; 15% PhiX).
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2.4. BIOINFORMATICS
The sequenced library was processed using mothur software package (v 1.37.3) using the
procedure outlined in Kozich et al. [29]. I analyzed each genetic locus individually to identify the number
of reads at the phyla, family, and genus levels for bacteria, and to the genus level for helminths (as I am
dealing with only 2 families of cestodes). Statistical analysis and figure generation were performed using
Calypso (v 8.84) [30].
The mothur software package (v 1.37.3) was used for sequence quality control, filtering,
alignment, clustering and operational taxonomic unit (OTU) identification utilizing various commands
included in the package. To begin, I cleaned up the raw sequence data to remove ambiguous nucleotide
base calls and pair the forward and reverse sequences. Using the command “make.contigs,” I combined
the paired-end read data by extracting sequence reads along with their quality scores. The command joins
the reads for the different samples to create coherent contigs as well as reduce errors by using the quality
data to mediate discrepancies between reads [29]. Afterwards, the command “screen.seqs” allows for the
removal of any sequences that still contain ambiguous base calls and of sequences outside the expected
sequence length [29]. In my procedure, I removed bacterial sequences that were over (320) base pairs in
length. For cestode 28S I removed sequences that were over (300) base pairs in length, and removed
sequences that were over (125) base pairs in length for cestode 16S.
To process the cleaned sequence reads, I first used the command “unique.seqs” to merge
duplicate sequences (ones from one sample that matched others from other samples) and group them,
saving computing power [29]. The command “count.seqs” was used next to generate a table of the
number of times each unique sequence appears in each group [29]. I used “pcr.seqs” to align my
sequences to the reference alignment. This works with “align.seqs” and “screen.seqs” to ensure all
sequences are approximately the same length and that the amplicons are properly oriented with respect to
one another [29]. For processing the bacterial data, I used the SILVA (v132) database as the reference
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alignment, but two had to be created for my cestode data (28S and 16S) as no SILVA equivalent exists.
The custom reference alignment was generated using sequences from single-worm samples that were
previously identified.
After aligning the sequences, I ran the command “filter.seqs” to remove areas outside the target
region where the sequences overlapped [29]. To make sure none of these new commands accidentally
created new duplicate groups, I ran “unique.seqs” again [29]. The command “pre.cluster” allowed me to
split the sequences into new groups that were based on their similarity to one another, from most
abundant to least abundant. This command allowed me to set the maximum number of allowable base
pair differences between sequences before they were organized into different groups [29]. The maximum
number of base-pair differences I allowed with the bacterial data was two. For the 16S cestode data, I
allowed two differences and for the 28S cestode data, I allowed two. This was chosen due to high levels
of expected conservation and the use of trial-and-error tests [28, 31, 32]. Next, I used the command
“chimera.vsearch” to identify chimeric sequences (those that were falsely classified as their own groups,
but are actually made from parts of different sequences) and the command “remove.seqs” to actually
remove those chimeras [29]. To complete processing, the commands “classify.seqs” and “remove.linage”
were used to identify and remove sequences created when the sequencing primers amplified the wrong
thing and sequences from unwanted taxonomic linages [29].
To prepare the sequences for analysis, I began with the command “cluster.split” to separate them
into OTU’s based on the taxonomic information of those OTU’s. The program uses the taxonomic
information (phylum, class, order, etc.) to group the sequences then sort them within those groups based
on the relative distance between neighboring OTU’s [29]. This command gives me the ability to decide
what taxon level I want to sort by [29]. Next, I used the command “make.shared” to tell me the number of
sequences, relative abundance, that were actually present in each OTU for all shrew specimens [29].
Finally, the command “classify.otu” gave me a taxonomy file with the taxon information of each OTU.
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Once the data was analyzed using mothur, it still needed further processing before statistical
analysis could be performed. The OTU read counts were manually filtered against counts from the
negative control and those with less than 0.1% of the overall average read count across all samples were
removed by the program. Using the taxonomic data from mothur, each OTU was identified to the relevant
taxonomic level (phyla, family, or genus). OTU’s belonging to the same group were then combined.
Statistical analyses were done using the online software, Calypso (v 8.84) [30]. When inputting
data, they were filtered by mean, as I had done the above mentioned filtering manually. Normalization
was achieved utilizing total sum normalization (TSS) with a square root transformation (Hellinger
transformation), which the program suggested for DNA community level data [30]. I chose this
transformation over cumulative-sum scaling (CSS) because it would not work with the data; some
samples only contained one bacteria or cestode classification. The transformation is also preferable for
looking at abundance data; it does not allow categories with many zeros or low counts to be given too
much weight that would result in data skew [33]. It effectively transforms the raw data values into relative
abundances by normalizing the count data by dividing the feature read counts by the total number of reads
in each sample [30, 33]. I performed a canonical correspondence analysis (CCA) to assess what metrics
contributed the most to the overall variation at the phylum and genus levels for bacteria, and the genus
level for cestodes. Bacterial CCA plots took into account collection date, host species, host sex, collection
locality, host weight class (low (≤ 4.0g), medium (4.1g – 5.9g), and high (≥ 6.0g)), 28S cestode richness
(low (1 – 3.5), medium (3.6 – 5.5), and high (≥ 5.6)), and 16S cestode richness (low (< 4), medium (4 –
5.4), and high (≥ 5.5)). Cestode CCA plots took into account collection date, host species, host sex,
collection locality, and host weight class (low (≤ 4.0g), medium (4.1g – 5.9g), and high (≥ 6.0g)). Values
for cestode richness were only transformed into categorical data for CCA plots, as it requires data be
categorical. For all other tests, I used the raw numeric data. Host sex was determined upon collection in
the field. For metrics requiring high, medium, and low designations (weight class, 28S cestode richness,
16S cestode richness), these categories were determined by examining the data and attempting to divide
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the ranges into approximately even thirds. I also evaluated alpha diversity using Shannon diversity index
with Wilcoxon rank test and species richness (both calculated within Calypso) with Wilcoxon rank test
using the same metrics, except comparison of bacterial taxa to 28S and 16S cestode species richness was
done using the numeric data. I also used Wilcoxon rank test to evaluate the individual taxa for significant
variation in regards to the different metrics. As I was performing several consecutive tests, Calypso
performed a Bonferroni correction on my p-values so I could properly evaluate significance. A
Bonferroni correction divides the resulting p-value (signified as α) by the number of tests run, ensuring
that any significance is not the result of chance due to repeated testing [34]. All p-values I report have
already been corrected.

28
TABLE 2.1: Sample Collection Dates with Periods Binned for Analysis and Number of Shrews
Collected

Collection Date

Collection
Month (Binned)

Collection
Season (Binned)

Two-Month
Collection
Period (Binned)

Sample Size

13 Sep 2009

September 2009

Fall 2009

September 2009

n=9

06 May 2016

May

Spring

May-June

n=8

25 May 2016

May

Spring

May-June

n = 11

13 Jun 2016

June

Early Summer

May-June

n=6

07 Jul 2016

July

Early Summer

July-August

n=8

26 Jul 2016

July

Late Summer

July August

n=7

16 Aug 2016

August

Late Summer

July-August

n = 12

08 Sep 2016

September

Late Summer

SeptemberOctober

n=8

17 Sep 2016

September

Fall

SeptemberOctober

n = 13

15 Oct 2016

October

Fall

SeptemberOctober

n=7
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TABLE 2.2: Sequences of DNA Primers Used

Primer Name

Gene

Primer Sequence (5’-3’)

16S_F_Bact

16S rRNA

GTGCCAGCMGCCGCGGTAA

16S_R_Bact

16S rRNA

AGTCAGTCAGCCGGACTACHVGGGTWTCTAAT

28S_F_Ces

28S rRNA

GAGTAAACAGTACGTGAAGC

28S_R_Ces

28S rRNA

CCACCGGTCGTGGTGTTC

16S_F_Ces

16S mtDNA

CAATTAATTATGCTACCTT

16S_R_Ces

16S mtDNA

CGTCTGTTTATYAAAAACATTTC
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TABLE 2.3: Library Preparation Positive Controls Composition
Positive Control Number

Helminth PC1

Helminth PC2

Extraction Number
SG320
SG189
SG297

Species
Unknown Cestode
Staphylocystoides sp.
Skrjabinacanthus sp.

SG93

Longistriata sp.

SG94

Longistriata sp.

SG174

Urocystis sp.

SG175

Urocystis sp.

SG179
SG95
SG96
SG177
SG187
SG188
SG221
SG222
SG306
SG335

Hymenolepis sp.
Longistriata sp.
Longistriata sp.
Urocystis sp.
Neoglyphe sp.
Staphylocystoides sp.
Staphylocystoides sp. (longi?)
Staphylocystoides sp. (oligospinosus?)
Blarinolepis sp.
Cercariae and Sporocysts

Bacteria PC1

Bacterial mix

Bacteria PC2

Bacterial mix
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CHAPTER 3
BACTERIA RESULTS AND DISCUSSION
3.1. RESULTS
3.1.1.

DNA EXTRACTION QUANTITIES AND QUALITY
My original DNA extractions had an average concentration of 152.5 ng/μL. Of the 89 samples,

only one had an initial concentration of less than 50 ng/μL. Those that were above this target value were
diluted, and I used double the volume of the sample that was below. This resulted in read counts that were
comparable to the other samples for the 16S rRNA locus.
3.1.2.

NEXT GENERATION SEQUENCING
I characterized the microbiota of 89 individual shrews from 2 species, S. cinereus (n = 29) and S.

monticola (n = 60). Prior to filtering, I had a total of 14,170,055 reads. Following filtering, I was left with
6,508,460 reads across 2,311 OTU’s. I identified 14 known bacterial phyla with 16.7% of samples
belonging to unclassified phyla. The top five most abundant identified phyla were Epsilonbacteraeota
(29.0%), Firmicutes (19.4%), Proteobacteria (12.5%), Tenericutes (12.0%), and Bacteroidetes (4.6%)
(Table 3.1, Figure 3.1). A total of 38 known bacterial genera were identified along with approximately 21
unknown genera; the top 10 most abundant identified genera were Helicobacter (5.82%), Candidatus
Arthromitus (2.32%), Ureaplasma (1.47%), Pseudomonas (0.52%), Mycoplasma (0.51%), Brevinema
(0.33%), Yersinia (0.18%), Lactobacillus (0.12%), Aeromonas (0.10%), Rickettsia (0.09%) (Table 3.2,
Figure 3.2). These numbers may not reflect true relative abundances of identified genera due to the high
number of samples (83.78%) that were unable to be identified to genus level (Table 3.2, Figure 3.2).
3.1.3.

MULTIVARIATE STATISTICS
When taking into account individual collection period, collection locality, host species, host sex,

host weight group, cestode species richness at both the 28S and 16S loci, collection month, and binned 2
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month collection periods, collection period (CCA; p = 0.035; F = 1.36) and weight group (CCA; p =
0.018; F = 2.06) accounted for a significant portion of the variation seen at the phylum level (Table 3.3;
Figure 3.3). At the genus level, host species (CCA plot; p = 0.009; F = 1.90), locality (CCA plot; p =
0.009; F = 1.83), collection period (CCA plot; p = 0.009; F = 1.31), and weight group (CCA plot; p =
0.008; F = 1.62) accounted for a statistically significant amount of the observed variation (Table 3.3;
Figure 3.4).
3.1.4.

COLLECTION DATE
I examined the effect of collection date by using 4 different metrics; collection period, collection

month, collection season, and binned 2 month collection periods. The abundances of 3 bacterial genera
varied significantly across individual collection periods: Acinetobacter (Wilcoxon rank test; p = 0.04),
Candidatus Arthromitus (Wilcoxon rank test; p = 0.023), and an unknown genus of Mycoplasmataceae
(Wilcoxon rank test; p = 0.022). Acinetobacter bacteria were significantly more abundant during the 13
Sep 2009 collection period than all other collection periods except 13 June 2016, and in the 13 June 2016
collection period when compared to 17 Sep 2016 (Figure 3.5). For Candidatus Arthromitus, the 13 Sep
2009 collection period had significantly lower abundance than the 26 Jul 2016 and 08 Sep 2016 collection
periods. The 06 May 2016 period had lower abundance than the 07 Jul 2016, 26 Jul 2016, 16 Aug 2016,
08 Sep 2016, and 17 Sep 2016 collection periods. Collection period 25 May 2016 had lower abundance
than the 07 Jul 2016, 26 Jul 2016, 16 Aug 2016, 08 Sep 2016, and 17 Sep 2016 periods. Finally, the 15
Oct 2016 period had lower abundance than both the 26 Jul 2016 and 08 Sep 2016 collection periods
(Figure 3.5). The species richness and Shannon alpha diversity varied significantly for both bacterial
phyla and genera. Phylum-level species richness was higher in collection period 25 May 2016 than in
periods 17 Sep 2016 and 15 Oct 2016; collection period 07 Jul 2016 was higher than periods 17 Sep 2016
and 15 Oct 2016; and period 16 Aug 2016 had higher species richness than periods 17 Sep 2016 and 15
Oct 2016 (Wilcoxon rank test; p < 0.05) (Figure 3.6). Phylum-level Shannon alpha diversity was
significantly lower in shrews collected on 15 Oct 2016 than in 13 Sep 2009 and 16 Aug 2016 (Wilcoxon
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rank test; p < 0.05) (Figure 3.6). At the genus-level, species richness was significantly higher in collection
period 13 Sep 2009 than in periods 06 May 2016, 13 Jun 2016, 26 Jul 16, 17 Sep 2016, and 15 Oct 2016.
The 07 Jul 2016 collection period had significantly higher species richness than the 26 Jul 2016 collection
period, and collection period 17 Sep 2016 additionally had lower species richness than collection periods
25 May 2016 and 07 Jul 2016 (Wilcoxon rank test; p < 0.05) (Figure 3.7).
I identified 4 genera whose abundance varied significantly across collection month;
Acinetobacter (Wilcoxon rank test; p = 0.012), Candidatus Arthromitus (Wilcoxon rank test; p = 0.005),
an unclassified genus of Mycoplasmataceae (Wilcoxon rank test; p = 0.007), and Stenotrophomonas
(Wilcoxon rank test; p = 0.017) (Figure 3.8). Both bacterial species richness and Shannon alpha diversity
values also varied significantly for both the phylum and genus-levels. At the phylum-level, bacterial
species richness was higher in May than in September and October, and August values were higher than
those in September and October (Wilcoxon rank test; p < 0.05) (Figure 3.9). Phylum-level Shannon alpha
diversity was significantly lower in samples collected in October than those from September 2009 and
August (Wilcoxon rank test; p < 0.05) (Figure 3.9). Genus-level bacterial species richness was
significantly higher in September 2009 than in all other months, with the exception of August (Wilcoxon
rank test; p < 0.05) (Figure 3.10). Shannon alpha diversity for bacterial genera was significantly higher in
September 2009 than in October (Wilcoxon rank test; p < 0.05) (Figure 3.10).
For collection season, individual collection periods were binned into Fall 2009 (13 Sep 2009),
Spring (06 May 2016 and 25 May 2016), Early Summer (13 Jun 2016 and 07 Jul 2016), Late Summer (25
Jul 2016, 16 Aug 2016, and 08 Sep 2016), and Fall (17 Sep 2016 and 15 Oct 2016). I found that 6
individual genera had significant variation in abundance across collection season. Acinetobacter
abundance was highest in Fall 2009, and was higher in Early Summer than in Fall (Wilcoxon rank test; p
= 0.001) (Figure 3.11). The abundance of Candidatus Arthromitus was higher in Late Summer than in
both Fall 2009 and Spring; additionally, the abundance in Spring was significantly lower than in all other
collection seasons except for Fall 2009 (Wilcoxon rank test; p = 0.0042) (Figure 3.11). The abundance of
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the genus Gilliamella was highest in Fall 2009 than in all other seasons (Wilcoxon rank test; p = 0.028)
(Figure 3.11). The abundance of an unidentified genus of Mycoplasmataceae was higher in both Fall 2009
and Fall than it was in Spring or Early Summer, as well as higher in Late Summer than during Spring
(Wilcoxon rank test; p = 0.027) (Figure 3.11). Abundance of Rickettsia bacteria was higher in both Fall
2009 and Fall than in Spring and Late Summer (Wilcoxon rank test; p = 0.019) (Figure 3.11). The
abundance of Stenotrophomonas was highest in Fall 2009 than in all other collection seasons (Wilcoxon
rank test; p = 0.007) (Figure 3.11). Species richness and Shannon alpha diversity values also varied
significantly across collection month for both the phylum and genus levels. Phylum-level species richness
was lower in Fall than it was in Spring, Early Summer, and Late Summer (Figure 3.12). Shannon alpha
diversity for bacterial phyla was higher in Fall 2009 than it was in Fall (Figure 3.12). Genus-level species
richness was significantly higher during Fall 2009 when compared to all other seasons except for Early
Summer (Figure 3.13). Like phylum-level Shannon alpha diversity, the values for bacterial genus-level
were significantly higher in Fall 2009 than they were in Fall (Figure 3.13).
I also looked for variation across binned 2 month collection periods: September 2009, May-June,
July-August, and September-October. The abundances of six different bacterial genera varied
significantly across binned 2 month collection periods: Acinetobacter, Candidatus Arthromitus, Delftia,
Gilliamella, an unidentified genus of Mycoplasmataceae, and Stenotrophomonas. The abundance of
Acinetobacter was significantly higher in September 2009 than in all other periods (Wilcoxon rank test; p
= 0.0018) (Figure 3.14). For Candidatus Arthromitus, the abundance was higher from July-August than it
was during both September 2009 and May-June. Abundance during September-October was also higher
than it was in May-June (Wilcoxon rank test; p = 0.014) (Figure 3.14). The abundance of the genus
Delftia was significantly lower in September-October than it was in all other collection periods (Wilcoxon
rank test; p = 0.049) (Figure 3.14). For Gilliamella, the abundance during September 2009 was
significantly higher than during the other collection periods (Wilcoxon rank test; p = 0.019) (Figure 3.14).
The abundance of the unclassified genus of Mycoplasmataceae was higher during September 2009 than it
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was in both May-June and July-August; the period of May-June was also lower than both the July-August
and September-October periods (Wilcoxon rank test; p = 0.0015) (Figure 3.14). Lastly, the abundance of
the genus Stenotrophomonas was significantly highest during the September 2009 collection period than
all others (Wilcoxon rank test; p = 0.0022) (Figure 3.14). Additionally, I found significant variation
across binned 2 month collection periods for phylum-level species richness and Shannon alpha diversity
as well as genus-level species richness. Phylum-level species richness was significantly lower during the
September-October collection period than it was in both the May-June and July-August periods
(Wilcoxon rank test; p < 0.05), and Shannon alpha diversity was higher during September 2009 than it
was during September-October (Wilcoxon rank test; p < 0.05) (Figure 3.15). At the genus-level, bacterial
species richness was at its highest during the September 2009 collection period (Wilcoxon rank test; p <
0.05) (Figure 3.16).
3.1.5.

LOCALITY
Collection locality (Winsor Creek vs. Jacks Creek) did not have any significant effect on the

relative abundance of bacteria at either the phylum or genus level, nor did it significantly affect species
richness or Shannon alpha diversity values.
3.1.6.

HOST SPECIES
I found that one genus of bacteria showed significant variation in abundance between the two

different host species (Sorex cinereus vs. Sorex monticola). The genus Anaeroplasma was significantly
more abundant in S. cinereus specimens than in S. monticola (Wilcoxon rank test; p = 0.0026) (Figure
3.17).
3.1.7.

HOST SEX
The sexes of 6 individual shrews could not be determined in the field and therefore were removed

from analyses looking at bacterial community variation. Based on the remaining 83 samples, sex had no
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significant overall effect on bacterial taxa abundances or community composition (species richness and
Shannon alpha diversity) at either the phylum or genus-level.
3.1.8.

HOST WEIGHT GROUP
Abundances of taxa in the phylum Firmicutes decreased significantly (Wilcoxon rank test; p =

0.01) from low to high weight class and from medium to high (Figure 3.18). Additionally, the genus
Mycoplasma was most abundant in the high weight class (Wilcoxon rank test; p = 0.021) (Figure 3.19).
Phylum-level species richness and Shannon alpha diversity were both higher in the high weight class than
both the low and medium classes (Wilcoxon rank test; p < 0.05) (Figure 3.20). At the genus level, only
the Shannon alpha diversity index showed any significant variation with the high weight class shrews
possessing significantly higher diversity values than the low weight class shrews (Wilcoxon rank test; p <
0.05) (Figure 3.21).
3.1.9.

CESTODE SPECIES RICHNESS
Cestode species richness as evaluated via the 16S mtDNA and 28S rRNA loci did not have any

significant effect on any individual bacterial taxa, nor did they affect overall community composition
(species richness and Shannon alpha diversity index).
3.2. DISCUSSION
3.2.1.

COMPARISON OF MICROBIOME COMPOSITION TO EXTANT LITERATURE
In my samples, the most common identified bacterial phyla were Epsilonbacteraeota (28.95%),

Firmicutes (19.43%), Proteobacteria (12.53%), Tenericutes (12.01%), and Bacteroidetes (4.57%) (Table
3.1). These are all phyla commonly found in mammalian microbiome studies [2, 8, 9, 35], supporting
previous evidence that there are a limited number of phyla that are equipped to survive the mammalian
digestive system [8]. Zhao et al. [9] found high levels of Proteobacteria, Firmicutes, and Bacteroidetes
across the intestinal segments of pigs, but it is difficult to compare overall abundances because their data
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are separated by segment [9]. Bergmann et al. [2] found that the microbiomes of bison primarily consisted
of Firmicutes (53% relative abundance of sequences), Bacteroidetes (33%), and Tenericutes (4%) while
Maurice et al. [8] found that wild mouse microbiomes consisted mostly of Firmicutes (52.1%),
Bacteroidetes (37%), Proteobacteria (8.2%), Actinobacteria (1.1%), and Tenericutes (0.9%) [2, 8].
However, given that these latter two only sampled feces, their results may have been incorrectly skewed
towards the bacterial populations of the large intestine [8]. Knowles et al. [36] found that Sorex araneus
specimens, a European species of Sorex spp., had microbiomes that were approximately 50%
Proteobacteria and 15% Tenericutes with the rest of the microbiome comprised of various other phyla
[36].
The fact that none of these previous studies list my most common phylum, Epsilonbacteraeota, as
being common is likely due to the fact that they were mostly published before it was classified as its own
phylum in 2017 [37]. Prior, it was classified as a class under Proteobacteria [37]. With this in mind, if I
compare both my abundances of Epsilonbacteraeota and Proteobacteria to the abundances of
Proteobacteria found by Knowles et al., they are present in similar proportions [36, 37]. I also found
approximately 12% of Tenericutes, close to the 15% found by Knowles et al. [36]. While the authors do
not mention my second most abundant phylum, Firmicutes, in the context of S. araneus, their figures do
also appear to indicate a substantial presence of that phylum as well [36].
3.2.2.

STATISTICAL ANALYSES
My CCA plots indicated that most of the variance within bacterial phyla was accounted for by

collection period and weight group, and that most of the variance within bacterial genera was accounted
for by those as well as by host species and locality (Table 3.3). This, along with my findings of significant
variation across different collection date metrics, weight classes, and host species suggests that the
metrics that have the most effect on the intestinal microbiomes of S. cinereus and S. monticola are time
and weight, with some additional effects caused by locality and host species.
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Throughout the year, different prey items likely fluctuate seasonally/temporally. Research on
mice has suggested that in order for significant variation in intestinal flora to occur, there needs to be a
drastic dietary change, such as a change from a carbohydrate-rich, plant-based diet to a protein-rich,
insect-based diet [8]. However, examination of strict herbivores has shown that changes in the types of
plants consumed are enough to result in detectable variation [2]. It is possible that these changes correlate
with energy intake; given the high energy requirements of Sorex, these shifts could be the gut’s attempt to
maximize energy extracted from a diet where the overall energy intake has decreased [1, 13, 14].
Unfortunately, I was unable examine the diet of the shrews, and therefore was unable to directly test this
hypothesis. I am hopeful that diet evaluation in future studies will be able to shed light on how diet may
be impacting, if not directly causing, temporal changes in the microbiota of these shrews.
Because Sorex shrews have an annual life cycle where young are born in the spring/summer and
completely replace their parental generation by the fall, though, the temporal variation I am seeing may
not be strictly related to changes in available food items [13, 14]. Progressing through the season from
May to October, the average age of the population would decrease as the parental cohort dies off and is
replaced by their children, suggesting that any temporal change may be instead related to changes
associated with the aging process [13, 14, 23]. Because of this, it would be helpful if, in the future,
specimen collection occurred year-round and not just when the population is in turnover [13, 14].
Likewise, weight class may be more indicative of age than of anything else [13, 14]. As shrews get older
and larger, their intestinal microbiomes may be shifting, possibly due in part to a diet shift as larger
shrews become more capable of hunting larger prey items. When it is possible to sequence and investigate
the arthropod diet, more light should be shed on this trend if it is indeed related to diet. However, the
significant variation of Firmicutes phylum bacteria could be more closely tied to the aging process as
members of the phylum have been linked to the maturation of the gut immune response in post neonatal
mammals, such as Candidatus Arthromitus in mice [23]. Studies in humans have also shown a correlation
between the composition of the intestinal microbiome with obesity and type II diabetes [21, 38]. Due to
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the high metabolism of shrews, it is difficult for them to become clinically obese, so this is unlikely to
account for the observed variation, but the possibility may be worth investigating in future studies [13,
14].
The two collection localities, Jacks Creek and Winsor Creek, were chosen because they were only
a mile apart and were presumed to be close enough to avoid any inter-site variation. Despite locality
affecting my dataset on a multivariate level, I did not see significant variation corresponding with locality
in any of the univariate tests. It has been noted in other studies that while collection locality can affect
intestinal microbiomes, it may not have the strongest effect. In Maurice et al. [8], there were statistically
significant differences between specimens collected from different sites, but it was noted that the effect of
this spatial variation was less than that of temporal variation [8]. The variation was also only evident
when specimens were combined by site, not when those from different sites were compared individually
[8]. In my raw data, I did notice a high degree of individual variation amongst my individual specimens; it
is likely that I was seeing this effect, which may be showing itself in my statistics via a multivariate effect
caused by locality. Amato et al. [1] noticed that individual monkeys from their collection sites also had
variation in their intestinal microbiomes, though they did not evaluate the effect [1]. Instead, they had to
correct for variation between collection groups in order to run their analyses, suggesting that the effect
was determined to be unimportant to the focus of their study [1]. Since my data did show some effect
from collection locality, a similar strategy may be worth considering in order to correct for spatial
variation in future studies.
I found some evidence of species-specific variation in the intestinal microbiomes of Sorex
monticola and Sorex cinereus; the bacterial genus Anaeroplasma was significantly more abundant in S..
cinereus than it was in S. monticola. I expected that I would not see significant variation between the two
species due to their close relation, shared habitat, and shared niches [13, 14]. Mammals as a group tend to
have similar microbiomes due to the relatively few bacterial taxa that are adapted to the environment;
differences between species are primarily due to differences in diet [2, 8, 21]. Since both species have an
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insectivorous diet and specimens were collected from the same areas, I expected any species-specific
differences would have a negligible overall effect [13, 14]. Bacteria from the genus Anaeroplasma were
initially identified from the guts of ruminants, but have also recently been identified as a potential
probiotic treatment of chronic intestinal inflammation due to its anti-inflammatory properties [39, 40]. If
these bacteria are native to my specimens, it is possible that their increased abundance may be a response
to intestinal inflammation. The reason it was more noticeably abundant in one species may be due to the
comparatively fewer S. cinereus samples included (n = 29/89) in my study, resulting in an artificially high
relative abundance. If S. cinereus does indeed have higher proportions of Anaeroplasma bacteria, it could
potentially be due to a higher susceptibility to intestinal inflammation, or even an infection that was going
through the population at the time and was affecting more of my S.cinereus specimens. In future
evaluations, I should try to collect a more even number of specimens from the two study species, as well
as compare the relative abundances of Anaeroplasma of specimens collected both for this study and for
future studies.
Based on previous research on the microbiomes of mice, I expected that there would be some
significant variation between male and female shrews. Markle et al. [22] found that there are perceivable
differences between the intestinal microbiomes of male and female mice due to hormonal variation,
leading to sex-biased immunity [22]. However, I did not find significant variation between my specimens
based on sex. Identification of the sex of shrews, especially in the field, can be difficult, even for welltrained mammologists. Therefore, the lack of significant variation could be a result of erroneous
identification of the sexes of some of the shrews. Future molecular identification of sex could help
alleviate this possible issue. It could also be that Sorex shrews display less sex-biased immunity.
However, given that I had to remove 6 samples of unknown sex, it is possible that my calculations were
too conservative. Future studies looking at a greater number of individuals, as well as possible
immunological differences (spleen size) could provide greater statistical power for examining the impacts
of shrew sex on the gut microbiota.

41
I did not expect to find variation in the host’s intestinal microbiome in response to variation in
cestode species richness due to the almost universal level of helminth infection present in Sorex shrews,
and the lack of such variation supports my hypothesis [5, 16]. It is very possible that these shrews have
evolved with a high prevalence rate of cestodes similar to what I’ve seen in this study (all individuals
were infected by at least one genus of cestode), so there would be no reason for an immune response that
would vary throughout the year. In the study conducted by Cizauskas et al. [5], they found that the zebras’
immune response changed depending on whether infection by parasites or bacterial disease was more
common during a given season; the animals were unable to maintain a year-round defense against both
threats and had to trade-off [5]. The constant helminth infections of these shrews likely means that they
are unable to have such an attenuated response and must keep up an immune response to the parasites at
all times to prevent their parasite load from growing too high. If they are maintaining a constant level of
defense against cestodes, a larger variety of cestodes infecting the host would not cause measurable
variation in the immune response, nor in the intestinal microbiome where all three factors intersect [41].
3.2.3.

INTERESTING BACTERIAL GENERA
Bacteria from the genus Acinetobacter had a relative abundance of 0.012% and were present in

10 out of 89 samples (Table 3.2). The genus is relatively widespread in the environment throughout soil
and water, and has become problematic as a cause of nosocomial infections [42]. That being said,
members of the genus are obligate aerobes, so it is unlikely that I detected a species that is native to my
shrews [42]. It is most likely that I detected transient bacteria that were either taken up from the shrews’
environment via food/water consumption, or introduced via some accidental contamination in the field.
I identified bacteria from the genus Brevinema in 60 samples. It had a relative abundance of
0.33% amongst all samples and was the eleventh most common genus overall (Table 3.2). The species
Brevinema andersonii has previously been identified as a spirochete pathogen of the shrew Blarina
brevicauda and the mouse Peromyscus leucopus [43]. Given that B. andersonii does not appear to be
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particularly species specific, it could be that my specimens were infected by this same species or by a
different one in the same genus. Regardless of its identity, it may be a common pathogen of Sorex shrews,
as around one third of my specimens were infected. Future studies examining this population in later
years may provide further information as to how common this genus is in these shrews. If it is relatively
common, it might be interesting to conduct future studies comparing this sky island population to a
mainland population. It’s possible that as an effect of isolation, this population may have adapted to
become resistant to this pathogen, which would be suggested by a lower than average infection rate when
compared to other populations, or the pathogen may have adapted to overcome host resistance to become
more virulent, resulting in a higher average infection rate than what is present in other populations.
Bacteria from the genus Candidatus Arthromitus were found in all but 4 of my 89 specimens. It
was the second most common identified genus with a 2.32% relative abundance (Table 3.2). Species from
this genus have been shown to associate with the hindguts of arthropods such as termites, so its
prevalence is likely due to the shrews’ insectivorous diet [13, 14, Thompson]. Because of my DNA
extraction protocol containing DNA from the entire gastrointestinal tract, it is possible that bacteria that
have been ingested as part of the shrews’ diet were picked up by sequencing, thus explaining why
Candidatus Arthromitus was only found in about a third of my specimens. The majority might have not
consumed a prey item containing these bacteria recently enough before their capture for me to have
detected DNA. These diet-based bacteria could potentially colonize the shrews and become part of the
normal bacterial fauna, but this sequencing technique does not allow me to determine whether this has
actually occurred [44].
Bacteria in the genus Candidatus Xiphinematobacter were found in 33 specimens with a relative
abundance of 0.012% (Table 3.2). Bacteria from this genus tend to be endosymbionts of the nematode
Xiphinema americanum, which infects plants, so it is unclear how the bacteria came to be inside my
shrews [45, 46, 47]. It is possible that the shrews are eating the small nematode, but it is more probable
that they are instead eating something else that has eaten the nematode or that they have accidentally
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ingested soil containing X. americanum in the process of eating a larger prey item. It is not unheard of for
shrews to be infected by nematodes, however, so it is possible that I have picked up an endosymbiont of
one of their parasites, just one of a different species within the same genus [16].
I detected bacteria from the genus Gilliamella in only two individual shrews with a 0.081%
relative abundance (Table 3.2). A relatively new genus, several species have been isolated and identified
from the guts of bees [48, 49]. They are symbiotic with their native hosts and do not appear subsist in the
external environment [48]. This is evidence that my shrews are most likely consuming bees when they
have the opportunity. In future studies, when it is possible to evaluate the arthropod diet of the shrews,
samples can be screened any individuals test positive for Gilliamella bacteria again and, if there is also
DNA from bees in their GI tract.
The genus Helicobacter was the most abundant identified genus with 5.64% relative abundance
and was present in all specimens (Table 3.2). Helicobacter is commonly known as a zoonotic pathogen,
but it is usually commensal within its host [50]. Given how prevalent the genus was in my samples, it is
unlikely that it was an infection and much more likely that the, potentially several, Helicobacter species
are commensal with Sorex monticola and Sorex cinereus. I would have to identify these species to
determine whether or not they are pathogenic to humans.
Lactobacillus bacteria were found in 10 specimens with a relative abundance of 0.12% (Table
3.2). The genus is commonly found in the mammalian intestinal microbiome, but can also be introduced
as part of the diet, particularly from dairy products [51]. Given the low number of specimens, it is
unlikely that this is just a common genus within the Sorex microbiome. Upon examination, the 10
positive specimens were a mix of males and females from all 3 weight classes, so I did not detect
Lactobacillus bacteria only in nursing females or infants. All but one were collected from the Winsor site,
however, so I could have detected a transient genus that was only present because of what prey items
were consumed at the time of capture [51]. When it is possible to evaluate the arthropod diet of the
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specimens in future collection years, whether or not there is any correlation between Lactobacillus
bacteria and any of the prey items can be examined as well.
I detected bacteria from the genus Pseudomonas in 51 specimens and it had a relative abundance
of 0.52 %, the sixth most common identified bacterial genus in my study. Research has shown that
Pseudomonas aeruginosa is capable of colonizing the intestinal epithelium of mammals where it tends to
remain harmlessly unless it is prompted to express a pathogenic phenotype after being stressed [52, 53].
Because I was unable to reach a species level identification, I cannot say whether I have detected P.
aeruginosa or potentially a different, non-pathogenic relative, but it is certainly possible that the 19
positive specimens were either carriers or infected by a pathogenic Pseudomonas species.
Bacteria from the genus Rickettsia were found in 10 specimens and had a relative abundance of
0.093% (Table 3.2). Members of this genus are intracellular tick-borne pathogens and belong to the
“spotted fever” group of rickettsioses [54, 55]. They cause disease in humans and are able to infect a wide
variety of vertebrate hosts worldwide, with small mammals being particularly important reservoir hosts
[54, 55]. A study done by Mardosaitė-Busaitienė et al. [55] found that 25% of Sorex araneus specimens
sampled were infected with R. helvetica [55]. The hosts’ close relation to my own specimens suggests that
these shrews may be potential carriers. It is possible that my shrews had instead recently consumed ticks
carrying Rickettsia bacteria, however; in order to confirm infection I would need to screen tissue samples
that were taken from outside the digestive system. If the pathogen is present in other organ systems, such
as the spleen and liver, then I will be able to definitively say that these shrews were acting as reservoir
hosts.
The genus Rickettsiella was found in 24 specimens and had a relative abundance of 0.091%
(Table 3.2). Not to be confused with the tick-borne human pathogen Rickettsia, this is a genus of
intracellular parasites that typically infect arthropods, not mammals, so it is unlikely that my specimens
were infected [56, 57]. Instead, they probably consumed infected prey items, given their insectivorous

45
diet [13, 14]. It would be worth investigating whether this bacterial genus is associated with any specific
prey items when there is funding to evaluate the arthropod diet in future collection years.
I found samples of the genus Stenotrophomonas in 11 shrews, and it had a relative abundance of
0.018% (Table 3.2). It is similar to Acinetobacter in that it has a wide distribution and is often found in
association with soil [58]. In many instances, members of the genus form a symbiotic relationship with
plants, assisting them in allelopathic interactions and helping with nitrogen and sulfur cycling [58]. One
species, S. maltophilia, is a known cause of nosocomial infections in humans [58]. Given that the genus is
also aerobic, it is unlikely that I picked up bacteria that were native to the shrews’ intestinal microbiome;
it is more likely that the Stenotrophomonas bacteria were either ingested along with food or that
contamination occurred in the field [58].
Ureaplasma bacteria were found in all but 1 specimen with a relative abundance of 1.53%,
making it the third most abundant genus in my samples (Table 3.2). Like Helicobacter, species in this
genus are often pathogenic to humans, but are commensal members of the microbiome in their native
hosts [59]. Given its prevalence in my samples, it is likely that these bacteria are commensal. Whether or
not they would be pathogenic to humans would require more specific identification.
Bacteria belonging to the genus Yersinia were found in 31 individual specimens with a relative
abundance of 0.183% (Table 3.2). Several bacteria from this genus are known to cause disease in humans,
most notably the plague-causing Y. pestis, which is endemic to parts of the Southwestern United States,
including New Mexico [60, 61, 62]. In Nelson 1980 [61], “Sorex sp.” shrews are noted to be carriers of
plague in California and another study in Finland found Y. pseudotuberculosis in Sorex araneus, a cousin
of my own specimens [61, 63]. The range of Y. pestis in the U.S. along with evidence that Sorex shrews
are capable of carrying plague suggests that my shrews may have also been carriers. My shrews’ isolation
on a sky island would make it difficult for them to infect humans, but it would still be possible for hikers
or researchers visiting the mountain to come into contact with the disease, particularly given that the
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nature of this study puts researchers in contact with the GI tracts of specimens [60, 62, 63]. Further
analysis needs to be performed to definitively identify the species of bacteria in order to evaluate what
kind, if any, threat is posed to researchers in the field.
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TABLE 3.1: List of Identified Bacterial Phyla
Phylum

Relative % Abundance

Epsilonbacteraeota

28.95

Firmicutes

19.43

Unclassified

16.67

Proteobacteria

12.53

Tenericutes

12.01

Bacteroidetes

4.570

Actinobacteria

2.086

Spirochaetes

1.664

Chlamydiae

1.136

Verrucomicrobia

0.3592

Planctomycetes

0.2169

Chloroflexi

0.15693034

Acidobacteria

0.116903678

Dependentiae

0.045501277

Bacteria_unclassified

0.038322301

Gemmatimonadetes

0.011052524
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Epsilonbacteraeota
Firmicutes
Proteobacteria
Tenericutes
Bacteroidetes
Actinobacteria
Spirochaetes
Chlamydiae
Verrucomicrobia
Remaining

FIGURE 3.1: Pie graph depicting the relative abundances of identified bacterial phyla across all shrew
samples. The top 10 most abundant phyla are depicted in different colors and labelled. All remaining
genera have been summed together as “remaining phyla.” Unknown or unclassified phyla have been
removed.
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TABLE 3.2: List of Identified Bacterial Genera
Genus
Unclassified
Helicobacter
Candidatus_Arthromitus
Ureaplasma
Amoebophilaceae_unclassified
Ruminococcaceae_unclassified
Pseudomonas
Mycoplasma
Mycoplasmataceae_unclassified
Proteobacteria_unclassified
Enterobacteriaceae_unclassified
Brevinema
Erysipelotrichaceae_unclassified
Chlamydiales_unclassified
Yersinia
Uncultured
Lactobacillus
Aeromonas
Rickettsia
Rhizobiaceae_unclassified
Rickettsiella
Gilliamella
uncultured_ge
Lactobacillales_unclassified
Enterococcus
Tyzzerella
Hafnia Obesumbacterium
X6714_ge
Izhakiella
Anaeroplasma
Clostridiaceae_1_unclassified
Microbacteriaceae_unclassified
Verminephrobacter
Clostridium_sensu_stricto_1
Buttiauxella
Mycobacterium
Carnobacterium
Pasteurellaceae_unclassified
Micrococcales_unclassified
Gaiella
Bacillales_unclassified

Relative % Abundance
83.78
5.820
2.316
1.468
0.8747
0.7688
0.5167
0.5134
0.3818
0.3532
0.3384
0.3345
0.2991
0.2163
0.1829
0.1220
0.1182
0.09794
0.09340
0.09182
0.09103
0.08062
0.07982
0.07976
0.06907
0.06533
0.05680
0.05089
0.04979
0.04907
0.04411
0.04191
0.04054
0.03770
0.03713
0.03414
0.03252
0.03076
0.02956
0.02647
0.02383
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TABLE 3.2: List of Identified Bacterial Genera (cont.)
Xanthobacteraceae_unclassified
Candidatus_Udaeobacter
Stenotrophomonas
Galbitalea
Chthoniobacter
Nocardioides
KD496_ge
Legionella
Subgroup_6_ge
Bradyrhizobium
Burkholderiaceae_unclassified
Delftia
Acinetobacter
Candidatus_Xiphinematobacter
Rhodococcus
Flavobacterium
Cellulomonas
Nakamurella

0.02266
0.02163
0.01813
0.01791
0.01676
0.01536
0.01512
0.01477
0.01474
0.01355
0.01320
0.01258
0.01184
0.01153
0.01124
0.01106
0.01071
0.01050
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Helicobacter
Candidatus_Arthromitus
Ureaplasma
Amoebophilaceae_unclassified
Ruminococcaceae_unclassified
Pseudomonas
Mycoplasma
Mycoplasmataceae_unclassified
Proteobacteria_unclassified
Enterobacteriaceae_unclassified
Brevinema
Erysipelotrichaceae_unclassified
Chlamydiales_unclassified
Yersinia
Lactobacillus
Aeromonas
Rickettsia
Rhizobiaceae_unclassified
Rickettsiella
Gilliamella
Lactobacillales_unclassified
Enterococcus
Tyzzerella_3
HafniaObesumbacterium
Remaining

FIGURE 3.2: Pie graph depicting the relative abundances of identified bacterial genera across all shrew
samples. The top 25 most abundant genera are depicted in different colors and labelled. All remaining
genera have been summed together as “remaining genera.” Unknown or unidentified genera (those
without other known higher taxonomy relationships) have been removed.

52
TABLE 3.3: Summary of Significant Multivariate Statistics for Bacterial Communities
Test

Phylogenetic
Level

Metric

P-Value

Test Statistic

CCA+

Phylum

Collection Period

0.035

F = 1.36

CCA+

Phylum

Weight Group

0.018

F = 2.06

CCA+

Genus

Host Species

0.009

F = 1.90

CCA+

Genus

Locality

0.009

F = 1.83

CCA+

Genus

Collection Period

0.009

F = 1.31

CCA+

Genus

Weight Group

0.008

F = 1.62
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FIGURE 3.3: CCA plot depicting relative variation in individual shrew specimens of bacterial phyla.
Specimens are grouped by collection period, each represented by a different color as per the key. The
Calypso program looks for clustering based on different metrics to determine which explain a significant
portion of the measured variation in the samples.
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FIGURE 3.4: CCA plot depicting relative variation in individual shrew specimens of bacterial genera.
Specimens are grouped by collection period, each represented by a different color as per the key. The
Calypso program looks for clustering based on different metrics to determine which explain a significant
portion of the measured variation in the samples.
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FIGURE 3.5: Strip plots depicting the relative abundance of 3 bacterial genera, Acinetobacter (A), Candidatus Arthromitus (B), and an
unidentified genus of Mycoplasmataceae (C) across the 10 collection periods for 89 shrew guts. Each dot represents an individual shrew with
individual n-values indicated beside each collection period along the x-axis. Upper bars represent the 95th quartile, lower bars represent the 5th
quartile, and middle bars represent the median for each respective collection period. Statistical differences are indicated by lines above each strip
plot as identified by a Wilcoxon rank sum test. Each color signifies one collection period.
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FIGURE 3.6: Strip plots depicting the species richness (A) and Shannon alpha diversity (B) values for
bacterial phyla across the 10 collection periods for 89 shrew guts. Each dot represents an individual shrew
with individual n-values indicated beside each collection period along the x-axis. Upper bars represent the
95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for each
respective collection period. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection period.
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FIGURE 3.7: Strip plots depicting the species richness (A) and Shannon alpha diversity values (B) for
bacterial genera across the 10 collection periods for 89 shrew guts. Each dot represents an individual
shrew with individual n-values indicated beside each collection period along the x-axis. Upper bars
represent the 95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for
each respective collection period. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection period.

58

FIGURE 3.8: Strip plots depicting the relative abundance of 4 bacterial genera, Acinetobacter (A), Candidatus Arthromitus (B), an unidentified
genus of Mycoplasmataceae (C), and Strenotrophomonas (D) across the 7 collection months for 89 shrew guts. Each dot represents an individual
shrew with individual n-values indicated beside each collection month along the x-axis. Upper bars represent the 95th quartile, lower bars represent
the 5th quartile, and middle bars represent the median for each respective collection month. Statistical differences are indicated by lines above each
strip plot as identified by a Wilcoxon rank sum test. Each color signifies one collection month.
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FIGURE 3.9: Strip plots depicting the species richness (A) and Shannon alpha diversity values (B) for
bacterial phyla across the 7 collection months for 89 shrew guts. Each dot represents an individual shrew
with individual n-values indicated beside each collection month along the x-axis. Upper bars represent the
95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for each
respective collection month. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection month.
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FIGURE 3.10: Strip plots depicting the species richness (A) and Shannon alpha diversity values (B) for
bacterial genera across the 7 collection months for 89 shrew guts. Each dot represents an individual shrew
with individual n-values indicated beside each collection month along the x-axis. Upper bars represent the
95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for each
respective collection month. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection month.
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FIGURE 3.11: Strip plots depicting the relative abundance of 6 bacterial genera, Acinetobacter (A),
Candidatus Arthromitus (B), Gilliamella (C), an unidentified genus of Mycoplasmataceae (D), Rickettsia
(E), and Strenotrophomonas (F) across the 5 collection seasons for 89 shrew guts. Each dot represents an
individual shrew with individual n-values indicated beside each collection month along the x-axis. Upper
bars represent the 95th quartile, lower bars represent the 5th quartile, and middle bars represent the median
for each respective collection season. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection season.
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FIGURE 3.12: Strip plots depicting the species richness (A) and Shannon alpha diversity (B) values for
bacterial phyla across the 5 collection seasons for 89 shrew guts. Each dot represents an individual shrew
with individual n-values indicated beside each collection season along the x-axis. Upper bars represent
the 95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for each
respective collection period. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection season.
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FIGURE 3.13: Strip plots depicting the species richness (A) and Shannon alpha diversity (B) values for
bacterial genera across the 5 collection seasons for 89 shrew guts. Each dot represents an individual shrew
with individual n-values indicated beside each collection season along the x-axis. Upper bars represent
the 95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for each
respective collection period. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection season.
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FIGURE 3.14: Strip plots depicting the relative abundance of 6 bacterial genera, Acinetobacter (A),
Candidatus Arthromitus (B), Delftia (C), Gilliamella (D), an unidentified genus of Mycoplasmataceae
(E), and Strenotrophomonas (F) across 4 binned 2-month collection periods for 89 shrew guts. Each dot
represents an individual shrew with individual n-values indicated beside each binned 2-month collection
period along the x-axis. Upper bars represent the 95th quartile, lower bars represent the 5th quartile, and
middle bars represent the median for each respective collection season. Statistical differences are
indicated by lines above each strip plot as identified by a Wilcoxon rank sum test. Each color signifies
one binned 2-month collection period.
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FIGURE 3.15: Strip plots depicting the species richness (A) and Shannon alpha diversity (B) values for
bacterial phyla across the 4 binned 2-month collection periods for 89 shrew guts. Each dot represents an
individual shrew with individual n-values indicated beside each binned 2-month collection period along
the x-axis. Upper bars represent the 95th quartile, lower bars represent the 5th quartile, and middle bars
represent the median for each respective collection period. Statistical differences are indicated by lines
above each strip plot as identified by a Wilcoxon rank sum test. Each color signifies one binned 2-month
collection period.
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FIGURE 3.16: Strip plot depicting the species richness values for bacterial genera across the 4 binned 2month collection periods for 89 shrew guts. Each dot represents an individual shrew with individual nvalues indicated beside each binned 2-month collection period along the x-axis. Upper bars represent the
95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for each
respective collection period. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one binned 2-month collection period.
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FIGURE 3.17: Strip plot depicting the relative abundance of the bacterial genus Anaeroplasma between
the two different host species for 89 shrew guts. Each dot represents an individual shrew with individual
n-values indicated beside each species along the x-axis. Upper bars represent the 95th quartile, lower bars
represent the 5th quartile, and middle bars represent the median for each respective species. Statistical
differences are indicated by lines above each strip plot as identified by a Wilcoxon rank sum test. Each
color signifies one species.
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FIGURE 3.18: Strip plot depicting the relative abundance of the bacterial phylum Firmicutes between the
three different host weight classes for 89 shrew guts. Each dot represents an individual shrew with
individual n-values indicated beside each species along the x-axis. Upper bars represent the 95th quartile,
lower bars represent the 5th quartile, and middle bars represent the median for each respective weight
class. Statistical differences are indicated by lines above each strip plot as identified by a Wilcoxon rank
sum test. Each color signifies one weight class.
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FIGURE 3.19: Strip plot depicting the relative abundance of the bacterial genus Mycoplasma between the
three different host weight classes for 89 shrew guts. Each dot represents an individual shrew with
individual n-values indicated beside each weight class along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
weight class. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one weight class.
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FIGURE 3.20: Strip plot depicting the species richness and Shannon alpha diversity values for bacterial
phyla across the three different host weight classes for 89 shrew guts. Each dot represents an individual
shrew with individual n-values indicated beside each weight class along the x-axis. Upper bars represent
the 95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for each
respective weight class. Statistical differences are indicated by lines above each strip plot as identified by
a Wilcoxon rank sum test. Each color signifies one weight class.
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FIGURE 3.21: Strip plot depicting the Shannon alpha diversity values for bacterial genera across the three
different host weight classes for 89 shrew guts. Each dot represents an individual shrew with individual nvalues indicated beside each weight class along the x-axis. Upper bars represent the 95th quartile, lower
bars represent the 5th quartile, and middle bars represent the median for each respective weight class.
Statistical differences are indicated by lines above each strip plot as identified by a Wilcoxon rank sum
test. Each color signifies one weight class.
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CHAPTER 4
CESTODE RESULTS AND DISCUSSION
4.1. RESULTS
4.1.1.

DNA EXTRACTION QUANTITIES AND QUALITY
The average concentration of DNA in my original gut extractions was 152.5 ng/μL. With the

exception of one sample, all extractions were above my 50 ng/μL standardization target and were able to
be diluted. To compromise, I used double the volume of DNA in my library preparation for that sample,
which resulted in usable data on par with the other samples for both the 16S mtDNA and 28S rRNA loci.
4.1.2.

NEXT GENERATION SEQUENCING AND OTU IDENTIFICATION
Before filtering, I had 13,894,395 reads from the 16S mtDNA library and 16,123,919 reads from

the 28S rRNA library. After clean-up and filtering, there were 5,314,412 16S sequences and 3,782,298
28S sequences. Thirteen genera were identified by the 28S primers; Monocercus (40.60%), Lineolepis
(23.61%), Mathevolepis (16.90%), Staphylocystoides (7.425%), Urocystis (4.017%), an unknown genus
of Hymenolepididae (3.717%), Ditestolepis (1.450%), Staphylocystis (1.374%), Skrjabinacanthus
(0.5747%), Soricinia (0.2691%), Neoskrjabinacanthus (0.04275%), an unknown genus of Cyclophyllidea
(0.009069), and Blarinolepis (0.007086) (Table 4.1). The 16S primers identified 11 genera; Lineolepis
(26.92%), Monocercus (25.83%), Staphylocystoides (17.63%), Mathevolepis (15.22%), Urocystis
(6.263%), Staphylocystis (4.778%), Skrjabinacanthus (2.876%), an unclassified genus of
Hymenolepididae (0.3112%), Soricinia (0.1212%), an unclassified genus of Cyclophyllidea (0.009069%),
and Ditestolepis (0.0007150%) (Table 4.2). Both primers also identified Hymenolepis and Blarinolepis,
which has been excluded from analyses as it was only present in the positive controls. The 16S primers
failed to identify Neoskrjabinacanthus and Blarinolepis (Figure 4.1).
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4.1.3.

MULTIVARIATE STATISTICS
For both genetic loci, collection date, collection locality, host species, host sex, and host weight

group were taken into account to examine whether any particular metric explained a significant portion of
the observed variation in cestode community composition. For 28S, host species (CCA plot; p = 0.001; F
= 9.09) and collection date (CCA plot; p = 0.001; F = 1.79) accounted for a significant amount of the
cestode genus-level variation. The same metrics also accounted for a significant portion of the genus-level
variation at the 16S locus (host species: CCA plot; p = 0.001; F = 5.55; collection date: CCA plot; p =
0.002; F = 1.63) (Table 4.3).
Shannon alpha diversity index was not evaluated for cestode data. Due to them being
multicellular organisms of varying length, Calypso, a program designed to analyze bacterial microbiomes,
would not be an appropriate tool [30].
4.1.4.

COLLECTION PERIOD
As with bacteria, I evaluated collection period using different metrics; actual collection period,

collection month, collection season, and binned two-month collection periods. At the 28S locus,
abundances of all cestode genera were found to not vary significantly across collection period. However,
Species richness varied significantly across collection period (Wilcoxon rank test; p < 0.05) (Figure 4.2).
Values for species richness, the 07 Jul 2016 collection period was significantly higher than both the 13
Jun 2016 and 08 Sep 2016 collection periods (Figure 4.2). For 16S, abundance of the unclassified genus
of Hymenolepididae varied significantly across collection period and was highest during the 06 May
2016, 07 Jul 2016, 26 Jul 2016, and 15 Oct 2016 collection periods (Wilcoxon rank test; p = 0.0084)
(Figure 4.3). Like 28S, the 16S data also showed significant variation in species richness (Wilcoxon rank
test; p < 0.05) (Figure 4.4) across collection periods. The species richness value for 13 Sep 2009 was
significantly lower than the values for 25 May 2016, 07 Jul 2016, and 15 Oct 2016. The species richness
value for 13 Jun 2016 was also significantly lower than the values for 06 May 2016, 25 May 2016, 07 Jul
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2016, and 15 Oct 2016. Species richness for 08 Sep 2016 is also significantly lower than the value from
the 15 Oct 2016 collection period (Figure 4.4).
For collection month, I found that the 28S genus Urocystis was significantly more abundant in
October than it was in September 2009, June, July, August, and September in addition to being more
abundant in May than in August and September (Wilcoxon rank test; p = 0.046) (Figure 4.5). Species
richness for 28S was significantly higher in May than in September, and July had a higher value than both
June and September (Wilcoxon rank test; p < 0.05) (Figure 4.6). No individual taxa were significant
across collection month at the 16S locus, but species richness values did have some significant variation.
Values for both September 2009 and June were significantly lower than those for May, July, and October
(Wilcoxon rank test; p < 0.05) (Figure 4.7).
The 28S rRNA locus showed no significant variation across collection season; however, species
richness did vary for the 16S mtDNA locus. The September 2009 collection period was significantly
lower than both the Spring and Fall collection periods (Wilcoxon rank test; p < 0.05) (Figure 4.8).
Similarly, there was no significant variation across binned two-month periods for the 28S locus, but there
was significant variation for the species richness at the 16S locus. The September 2009 collection period
had significantly lower species richness than the July-August and September-October periods (Wilcoxon
rank test; p < 0.05) (Figure 4.9).
4.1.5.

LOCALITY
There was no significant variation in cestode abundances between the two collection sites

(Winsor and Jacks Creek) for either the 16S or 28S loci, nor was there any variation in cestode species
richness.
4.1.6.

HOST SPECIES
For 16S, there was no significant variation among specific cestode taxa or species richness

relating to shrew host species. However, for 28S several genera were significantly more abundant in S.
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cinereus than they were in S. monticola: Mathevolepis (Wilcoxon rank test; p = 0.0017), unclassified
genus of Hymenolepididae (Wilcoxon rank test; p = 0.00018), Staphylocystoides (Wilcoxon rank test; p =
0.0023), Ditestolepis (Wilcoxon rank test; p = 0.003), Monocercus (Wilcoxon rank test; p = 0.0035), and
Soricinia (Wilcoxon rank test; p = 0.029) (Figure 4.10). Cestode species richness was also significantly
higher in S. cinereus (Wilcoxon rank test; p < 0.05) (Figure 4.11).
4.1.7.

HOST SEX
The sex of six shrews could not be identified, and thus were excluded from analyses. There was

no significant variation in the abundance of any particular cestode genus between the two sexes for either
the 16S or 28S loci, nor was there any significant variation in species richness. There was no significant
variation between sexes for alpha diversity.
4.1.8.

HOST WEIGHT GROUP

For the 16S locus, there was no significant variation in cestode species richness across the different
weight classes. However, the genus Mathevolepis was significantly more abundant in the low weight class
(Wilcoxon rank test; p = 0.044) (Figure 4.12). For the 28S locus, Mathevolepis was also significantly
more abundant in the low weight class (Wilcoxon rank test; p = 0.017) (Figure 4.13). Species richness
also varied significantly across all three weight classes and between medium and low weights for the 28S
locus (Wilcoxon rank test; p < 0.05) (Figure 4.14).
4.2. DISCUSSION
4.2.1.

28S rRNA VS 16S mtDNA
Both sets of the cestode primers identified similar abundances across the different genera,

however, the 16S mtDNA primers identified 11 genera while the 28S rRNA primers identified those same
11 genera as well as an additional two (Neoskrjabinacanthus and Blarinolepis, which were present only
in the positive controls) (Tables 4.1 and 4.2). This variation is likely due to the more variable nature of
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mitochondrial genes (16S) compared with nuclear genes (28S). It is likely that there are nucleotide
differences in the primer binding sites, leading to a lack of successful amplification for several of the
cestode genera. In general, 16S has a high mutation rate with the potential for there to be multiple
nucleotide differences within a single species, making it more useful for determining intraspecific
variation as opposed to interspecific variation [32]. Meanwhile, 28S tends to be highly conserved with a
difference at only one or two base pairs potentially signaling a different species [31]. This high rate of
conservation coupled with larger amplicon size likely allowed the 28S primers to better assess the cestode
diversity present within the samples. Based on this, I chose to focus my discussion on the statistical
results of the 28S data.
4.2.2.

STATISTICAL ANALYSES
My results from the CCA plots indicated that most of the cestode community variance within the

host population was accounted for by host species and collection date. Along with my findings of
significant variation across those as well as host weight class, this suggests that these three metrics have a
large effect on the cestode community dynamics of S. cinereus and S. monticola.
I expected to see an effect of temporal variation on the cestode community composition of my
shrews, which is supported by my data. Based on the two most common families of cestodes infecting
shrews (Hymenolepididae and Dilepididae) and the fact that shrews are insectivorous, the likely
intermediate hosts of the identified cestodes are arthropods [13, 14, 17]. The temporal variation in cestode
diversity I observed in my specimens’ is likely related to seasonal availability of those intermediate hosts
throughout the year [11, 24]. Shrew population turnover could also be contributing to this temporal
variation in cestode diversity; S. cinereus and S. monticola have annual lifespans where the parental
cohort is entirely replaced by their offspring by the fall [13, 14]. The drop in parasite diversity that I see in
the data around the early fall could be due in part to the older shrews that have had more time to
accumulate helminths are dying and thus being removed from the population (Figures 4.2 and 4.3). The
subsequent upticks in cestode diversity observed would then be related to the juvenile cohort beginning to
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eat more prey items and accumulating higher abundances of helminths. Additionally, it could also be that
younger, smaller shrews focus on different prey items than older, larger, shrews, resulting in variation in
the cestode community composition. Future studies should include an arthropod population analysis
component which could examine what potential intermediate hosts are present at any particular time, as
well as if there is a variation in prey diversity between younger and older shrews. If the variation in
intermediate hosts does not match the variation in helminths, then it may instead be related to the overall
composition of the shrew population.
My data support my hypothesis that there should be high cestode host specificity, which is in line
with past research on the helminths of shrews and similar mammals [11, 16, 17]. I found that several
genera were significantly more common in S. cinereus than in S. monticola (Figure 4.10) and that species
richness was also higher in S. cinereus (Figure 4.11). This could be due partially to the smaller number of
S. cinereus captured relative to S. monticola, but my data and the literature both suggest that there is a
legitimate relationship between cestode fauna and shrew host [11, 16, 17]. In future studies it would be
good to use approximately equal numbers of specimens from both species to eliminate this potential
complication and confirm that S. cinereus does indeed host more Hymenolepid cestodes than does S.
monticola. However, this is near impossible, as small mammal trapping is not a selective process, and this
kind of study is limited to what shrews randomly enter the traps.
Given shrews’ annual life cycles, I reasoned that my division of specimens into low, medium, and
high weight classes would relate closely to their age [13, 14]. Because of this, I hypothesized that I would
see higher aggregations of cestodes in older, heavier shrews than in the younger, smaller ones, but this is
not necessarily supported by my data [24]. I found higher cestode species richness in the lightest weight
class (Figure 4.14). This higher helminth variation suggests that the younger, smaller shrews may be
consuming a more diverse diet of various smaller arthropods while the older, larger ones have a more
homogenous diet of larger prey items. A more varied diet would allow the smaller shrews to be infected
by a wider array of helminths given the propensity of cestodes to exhibit high specificity towards both
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intermediate and definitive hosts [11, 16, 17]. In the future, it would be helpful to evaluate the arthropod
diets of my specimens to see if the smaller shrews are eating different prey items from the larger ones.
I expected that I would not find significant variation in cestode community composition between
my two collection sites. My specimens were collected from two localities that were only a mile apart,
meaning they would all be part of the same sample population, eating the same prey and be infected with
the same helminths [13, 14, 16, 17]. My data support this hypothesis as I found no significant variation in
cestode composition or abundances between specimens collected from the two localities. I also
hypothesized I would see similar results between the sexes. Due to Sorex spp.’s high metabolism and
consequently high consumption of arthropods, S. monticola and S. cinereus are almost universally
infected with cestodes [13, 14, 16]. Since variation in prey items between the sexes has not been
documented, there is no reason to suspect males and females would have significantly different cestode
compositions [13, 14]. Indeed, my data support this hypothesis as well. My specimens showed no
evidence of sex-based preference in arthropod prey items, nor did they show evidence of being from
different enough populations that they would be infected with different cestodes. In future studies, it
would be interesting to compare my specimens with those from a less isolated locality. Being isolated in a
sky island may be causing deviance from the helminths found in “mainland” populations [20].
4.2.3.

FUTURE DIRECTIONS
Only a handful of cestode species have been identified in the literature as infective to Sorex

cinereus, and even fewer for Sorex monticola [16, 31]. Those that have been identified include three
species of Staphylocystoides, two species of Lineolepis, and a single species each of Mathevolepis,
Staphyocystis, and Ditestolepis [16]. For future publication, I plan to use the program Geneious to attempt
to identify my identified helminths to species level where possible, as I was unable to do so given the
limitations of the Mothur software [29]. I expect that once I have species-level identifications, I will find
even more variation between the cestodes infecting S. cinereus and S. monticola due to the high host
specificity of cestodes [11, 16, 17]. Related species belonging to the same genus may only occur in one
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species over the other. That I am already seeing genus-level variation is promising, and this encourages
trying to make more definitive identifications in the future.
It was discovered post data analysis that prior to analysis by the Mothur software, primer
sequences were not removed from the next generation reads. This means that some of the sorting and
identifications made by the computer may have been based off of those primer sequences and not solely
off the sequences themselves. What this means is I effectively need to completely reanalyze all the
cestode data and rerun the statistics as the results may change.
In the future, it would also potentially be helpful to look at different data points, such as local
climate, other parasites, and diet. Factors like temperature and rainfall may be affecting the arthropod
intermediate hosts that are available for my shrews to prey upon, which would then in turn affect what
helminths they are infected by [11, 16, 17]. It would also be beneficial to include primers for other
parasites that shrews are known to be infected by (such as nematodes) to further examine the intestinal
helminth diversity of Sorex shrews [16]. By including primers for arthropods, it would also be possible to
evaluate shrew diet and possibly identify intermediate hosts for the different helminths. It would also
allow for the testing of some of my hypotheses regarding why I got some of my results, such as the
smallest shrews harboring the widest array of cestodes (Figure 4.14).
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TABLE 4.1: List of 28S rRNA Identified Genera
Genus

Relative % Abundance

Monocercus

40.60

Lineolepis

23.61

Mathevolepis

16.90

Staphylocystoides

7.425

Urocystis

4.017

Unclassified Hymenolepididae

3.717

Ditestolepis

1.450

Staphylocystis

1.374

Skrjabinacanthus

0.5747

Soricinia

0.2691

Neoskrjabinacanthus

0.04275

Unclassified Cyclophyllidea

0.009069

Blarinolepis

0.007086
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TABLE 4.2: List of 16S mtDNA Identified Genera
Genus

Relative % Abundance

Lineolepis

26.92

Monocercus

25.83

Staphylocystoides

17.63

Mathevolepis

15.22

Urocystis

6.263

Staphylocystis

4.778

Skrjabinacanthus

2.876

Unclassified Hymenolepididae

0.3112

Soricinia

0.1212

Unclassified Cyclophyllidea

0.05060

Ditestolepis

0.0007150
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FIGURE 4.1: Bar graph comparing the relative abundances of cestode genera identified by the 16S
mtDNA and 28S rRNA loci. Each bar is equal to 100% and divided into blocks equaling the relative
abundance of each genus. One color represents one genus, as signified by the key.
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TABLE 4.3: Summary of Significant Multivariate Statistics for Cestode Communities
Test

Primer

CCA+

28S

Phylogenetic
Level
Genus

Metric

P-Value

Test Statistic

Host Species

0.001

F = 9.09

0.001

F = 1.79

0.001

F = 5.55

0.002

F = 1.63

Collection
CCA+

28S

Genus
Date

CCA+

16S

Genus

CCA+

16S

Genus

Host Species
Collection
Date
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FIGURE 4.2: Strip plot depicting the species richness values for cestode genera across the 10 collection
periods for 89 shrew guts at the cestode 28S rRNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each collection period along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
collection period. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one collection period.
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FIGURE 4.3 Strip plot depicting the relative abundance of an unidentified genus of Hymenolepididae
across the 10 collection periods for 89 shrew guts at the cestode 16S mtDNA locus. Each dot represents
an individual shrew with individual n-values indicated beside each collection period along the x-axis.
Upper bars represent the 95th quartile, lower bars represent the 5th quartile, and middle bars represent the
median for each respective collection period. Statistical differences are indicated by lines above each strip
plot as identified by a Wilcoxon rank sum test. Each color signifies one collection period.
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FIGURE 4.4: Strip plot depicting the species richness values for cestode genera across the 10 collection
periods for 89 shrew guts at the cestode 16S mtDNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each collection period along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
collection period. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one collection period.
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FIGURE 4.5: Strip plot depicting the relative abundance of the genus Urocystis across the 7 collection
months for 89 shrew guts at the cestode 28S rRNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each collection month along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
collection month. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one collection month.
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FIGURE 4.6: Strip plot depicting the species richness values for cestode genera across the 7 collection
months for 89 shrew guts at the cestode 28S rRNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each collection month along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
collection month. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one collection month.
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FIGURE 4.7: Strip plot depicting the species richness values for cestode genera across the 7 collection
months for 89 shrew guts at the cestode 16S mtDNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each collection month along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
collection month. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one collection month.
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FIGURE 4.8: Strip plot depicting the species richness of cestode genera across the 5 collection seasons
for 89 shrew guts at the cestode 16S mtDNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each collection season along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
collection season. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one collection season.
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FIGURE 4.9: Strip plot depicting the species richness of cestode genera across the 4 binned two-month
collection periods for 89 shrew guts at the cestode 16S mtDNA locus. Each dot represents an individual
shrew with individual n-values indicated beside each collection period along the x-axis. Upper bars
represent the 95th quartile, lower bars represent the 5th quartile, and middle bars represent the median for
each respective collection period. Statistical differences are indicated by lines above each strip plot as
identified by a Wilcoxon rank sum test. Each color signifies one collection period.
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FIGURE 4.10: Strip plots depicting the relative abundance of 6 cestode genera between two host species
for 89 shrew guts at the cestode 28S rRNA locus: Ditestolepis (A), an unknown genus of
Hymenolepididae (B), Mathevolepis (C), Monocercus (D), Soricinia (E), and Staphylocystoides (F). Each
dot represents an individual shrew with individual n-values indicated beside each host species along the
x-axis. Upper bars represent the 95th quartile, lower bars represent the 5th quartile, and middle bars
represent the median for each respective host species. Statistical differences are indicated by lines above
each strip plot as identified by a Wilcoxon rank sum test. Each color signifies one host species.
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FIGURE 4.11: Strip plot depicting the species richness values for cestode genera between 2 host species
for 89 shrew guts at the cestode 28S rRNA locus. Each dot represents an individual shrew with individual
n-values indicated beside each host species along the x-axis. Upper bars represent the 95th quartile, lower
bars represent the 5th quartile, and middle bars represent the median for each respective host species.
Statistical differences are indicated by lines above each strip plot as identified by a Wilcoxon rank sum
test. Each color signifies one host species.
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FIGURE 4.12: Strip plot depicting the relative abundance of the genus Mathevolepis across the 3 weight
classes for 89 shrew guts at the cestode 16S mtDNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each weight class along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
weight class. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one weight class.
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FIGURE 4.13: Strip plot depicting the relative abundance of the genus Mathevolepis across the 3 weight
classes for 89 shrew guts at the cestode 28S rRNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each weight class along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
weight class. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one weight class.
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FIGURE 4.14: Strip plot depicting the species richness values for cestode genera across 3 host weight
classes for 89 shrew guts at the cestode 28S rRNA locus. Each dot represents an individual shrew with
individual n-values indicated beside each weight class along the x-axis. Upper bars represent the 95th
quartile, lower bars represent the 5th quartile, and middle bars represent the median for each respective
weight class. Statistical differences are indicated by lines above each strip plot as identified by a
Wilcoxon rank sum test. Each color signifies one weight class.
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CHAPTER 5
OVERALL CONCLUSIONS
In this study, I surveyed the intestinal microbiota and parasite communities of 89 shrews
belonging to either Sorex monticola (n = 60) or Sorex cinereus (n = 29). Eighty of these were collected at
intervals of approximately three weeks from May to October 2016 from the same isolated mountaintop in
the Sangre de Cristo Mountains in Cowles, New Mexico. The remaining 9 specimens were collected from
the same location in September 2009. Upon collection, the gastrointestinal tracts of the shrews were
removed for later processing via fecal DNA extraction. Extracted samples were standardized to a
concentration of 50 ng/μL and DNA was amplified using next-generation amplicon sequencing to identify
the bacteria and cestode genera present within each sample. I compared each of the 89 samples across
various environmental and host-related metrics to determine whether any statistical variation was
occurring and, if so, across which metrics.
For the native bacterial communities, I found that most of the variation at the phylum and genus
level was occurring in response to change in time and weight group. Additionally, genus-level variation
was affected by locality and host species. In the case of the cestode communities, I found that the 28S
rRNA locus was better for identifying diversity within my study system than the 16S mtDNA locus. Most
of the cestode variation was accounted for by collection period and host species with 6 cestode genera
being significantly more common in S. cinereus than S. monticola. There was also some significant
variation with host weight class.
I concluded that the seasonal variation I saw in my data is evidence that the shrews in this
community are experiencing seasonal shifts in their food sources, leading to both the bacterial and
cestodal variation. This is in line with evidence suggesting that even taxonomic shifts in diet are enough
of a change to affect the composition of the gut microbiome [1, 2], and corresponds with the assumption
that arthropods with their own seasonal cycles would result in corresponding variation in helminth
infections [11, 16, 17]. In the future, further surveys involving identification of the arthropod diet would
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need to be conducted in order to shed further light on these seasonal changes. Variation due to weight
class was primarily attributed to age, whether it is the shrews’ microbiomes shifting as they age or their
prey item preferences changing [13, 14, 17, 23]. The slight variation in bacterial community composition
between collection locality is most attributable to high levels of individual variation both within
populations and between neighboring populations [1]. The high levels of variation in cestodes between
the two host species suggests a high level of host specificity that I expected, even from such closely
related species [16, 17]. In addition, I also found several potentially interesting bacterial taxa within my
shrews, such as potentially unique strains of Brevinema sp. and Helicobacter sp. as well as Yersinia that
may be infectious to humans.
Shrews are interesting and viable options for indicator species due to their wide, cosmopolitan
ranges across a variety of environments, short life spans, and unique diet leading to, in some populations,
a 100% rate of parasite prevalence [13, 14, 15, 16]. Their high parasite prevalence also opens up potential
to using them to model host-parasite relationships in more complicated systems. Despite their wide
ranges, they are uniquely vulnerable to environmental changes and thus respond much sooner than larger
megafauna, meaning periodic shrew surveys may help with monitoring the stability of ecosystems in
which they occur [15]. To this end, this study has been the first in a multi-year study examining this
particular shrew population, providing an important baseline for future years; any deviation from which
could be evidence of oncoming environmental changes resulting from a variety of factors, including
anthropogenic climate change.
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